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Coupled motions in enzyme catalysis
Vishal C Nashine1, Sharon Hammes-Schiffer2 and Stephen J Benkovic1
Recently, the hypothesis that protein motions are involved in

enzymatic turnover has gained significant attention. We

review cases where there is evidence that protein motions are

rate-limiting in the overall catalytic cycle and examine

experimental and theoretical evidence for how such motions

enhance the probability of sampling the transition state

configurations relative to the ground state. The impact of

tunneling, the possible role of vibrational coupling and the

value of conformational chemical landscapes are also

scrutinized.

Addresses
1 Department of Chemistry, The Pennsylvania State University,

414 Wartik Laboratory, University Park, PA 16802, United States
2 Department of Chemistry, The Pennsylvania State University,

104 Chemistry Building, University Park, PA 16802, United States

Corresponding authors: Hammes-Schiffer, Sharon (shs@chem.psu.edu)

and Benkovic, Stephen J (sjb1@psu.edu)

Current Opinion in Chemical Biology 2010, 14:644–651

This review comes from a themed issue on

Mechanisms

Edited by Florian Hollfelder and Patrick O’Brien

Available online 20th August 2010

1367-5931/$ – see front matter

# 2010 Elsevier Ltd. All rights reserved.

DOI 10.1016/j.cbpa.2010.07.020

Introduction
The enormous rate accelerations of enzyme reactions

relative to their solution counterparts range in one recent

tabulation from 1010 to 1020 fold [1]. The source of this

acceleration has been hypothesized, named, and debated

in the numerous articles, reviews and books that have

enzymology as their subject.

Currently, the most seductive rationale connects the

enzyme’s dynamics to its catalytic prowess. The issue

is far from settled, however, and this topic has become

the focus of intense, often contentious debate. It is out-

side the scope of this article to capture the nuanced

details offered in various papers to bolster a particular

viewpoint, so we will attempt to report accurately the gist

of the key arguments and to identify areas where there

might be a consensus. Please also keep in mind that

although this review is restricted to recent publications,

many of the concepts debated are not novel but have

been informed by recent experimental and compu-

tational methods.
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To begin, an incisive summary of available protein

motions as well as the experimental methods to detect

each time scale serves as a needed reference base

(Figure 1) [2]. The great majority of enzyme-catalyzed

reactions exhibit turnover cycles that are limited by rates

in the millisecond to second range. Consequently, the

method of choice to document motions in specific regions

of the enzyme has been a variety of NMR spectroscopic

methods, particularly relaxation dispersion experiments

that have provided both structural and kinetic dynamic

information across the above time scale in solution under

reaction conditions. X-ray diffraction, likewise, has pro-

vided time-resolved high-resolution structures but is

limited to the crystalline state. Advances in compu-

tational methods have also provided deeper insights.

Relationship of motions to catalysis
A more liberal definition describes this relationship in

terms of a series of correlated conformational changes that

occur throughout the enzyme and act along the reaction

coordinate to facilitate the chemical reaction. Such facili-

tation may be viewed as active-site reorganization provid-

ing stabilizing interactions as well as increased sampling

of chemically productive substrate/active-site configur-

ations [3]. There is as yet no evidence, experimental or

theoretical, nor is it meant, that such conformational

motions are coupled directly to vibrations within the

transition state of the chemical reaction.

The more conservative definition of this relationship

posits a direct linkage between the transition state and

motions within the protein. That linkage however, must

be established by evidence for a large deviation from

transition theory manifested in a small transmission coef-

ficient, k, and non-Boltzmann coherent motions and

distributions [4�]. As yet such data, experimental or

theoretical, have not been described for any enzyme.

Moreover, there is a temptation to blur the distinction

between these two definitions, and further confusion in

the literature arises from imprecise usage of the terms

dynamics and catalysis. Rigorously, dynamics is defined

as nonequilibrium barrier recrossing effects, and catalysis

is defined as rate enhancement relative to a model reac-

tion in solution. Often the term dynamics is assumed to be

synonymous with the above liberal definition of motions,

and catalysis is not related to an appropriate reference

system.

Invoking the more liberal definition, we will present

several case histories where experiments have implicated

the rate of conformational movement of specific regions
www.sciencedirect.com
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Figure 1

Timescales of molecular motions and means of their detection.Figure

reproduced with permission from Ref. [2].
that appear to impact the turnover cycle. We will end with

an abbreviated review of recent explanations that invoke

motions influencing the rate of the chemical step in

enzyme reactions.

Dihydrofolate reductase (DHFR)

DHFR catalyzes the reduction of 7,8-dihydrofolate (H2F)

to 5,6,7,8-tetrahydrofolate (H4F) through a stereospecific

transfer of the pro-R hydrogen from the cofactor nicoti-

namide adenine dinucleotide phosphate (NADPH; also

abbreviated as NH) to the C6 atom of the pterin nucleus,

with concomitant protonation at N5 (Figure 2).

X-ray structures have been reported for Escherichia coli
DHFR complexed with a wide variety of substrate,

product and cofactor analogs. E. coli DHFR is a small

(�18 kDa) protein with an a/b structure consisting of a

central 8-stranded b-sheet (comprised of b-strands A–H)

and four flanking a-helices (designated aB, aC, aE, and

aF) (Figure 2) [5,6]. The active-site cleft divides the

protein into two structural subdomains: the adenosine

binding subdomain and the loop subdomain. The ade-

nosine binding subdomain (residues 38–88 in E. coli
DHFR) is the smaller of the two subdomains and pro-

vides the binding site for the adenosine part of the

cofactor. The loop subdomain consists of �100 residues

and contains a set of three loops (Met20 [residues 9–24],
www.sciencedirect.com
bF–bG [116–132], and bG–bH [142–150]) close to the

active site.

NMR studies

A recent comprehensive dynamic study of the participa-

tion of excited-state conformations, detected by NMR-

relaxation dispersion measurements, showed that the

structural and dynamic changes that occurred in the

protein in response to the binding and dissociation of

substrates, cofactors and products were an integral part of

the mechanism of this enzyme [7]. Moreover, the relaxa-

tion rates measured for the adjacent excited-state con-

formations associated with the key reaction cycle species

(E�NH�H2F! E�N+�H4F! E�H4F! E�NH�H4F) clo-

sely approximated the rates in the kinetic scheme

measured by presteady state methods [8]. For example,

the excited state detected in E�NH�H4F resembled the

ground state of the E�NH complex and decayed at the

rate of 12–18 s�1 that compared favorably with the 12 s�1

obtained from the kinetics. In brief, the kinetic rate

constants have their counterparts in the NMR measure-

ments of the rate of structural conformational changes

consistent with temporal gating on the timescale of the

reaction coordinate. Although, the overall conformation of

the E�H2F, E�F and E�H4F complexes was the same,

there were significant differences in the ms–ms fluctu-

ations in the active site and the loop regions. Similar

differences were observed in the E�NH�H4F and E�NH�F
ternary complexes. This was interpreted in terms of

highly orchestrated sampling of conformational states,

which are integral to the protein fold, to funnel the

enzyme through intermediates along the catalytic cycle

[9��]. Another recent NMR study on a mutant DHFR

supported this general picture [10].

Theoretical studies

Classical molecular dynamics (MD) simulations on var-

ious DHFR complexes provided residue-based maps of

correlated motions indicating strongly correlated and anti-

correlated motions involving spatially distinct regions

[11]. When combined with the genomic sequence con-

servation data, a conserved set of residues emerged that

may act to facilitate hydride transfer [12]. Hybrid quan-

tum-classical MD simulations of the hydride transfer

reaction catalyzed by DHFR have provided further infor-

mation about enzyme motion in DHFR [12,13]. These

hybrid simulations provide evidence for a network of

coupled motions extending throughout the protein and

ligands. Fast, stochastic thermal motions lead to slower

conformational changes along the collective reaction

coordinate (i.e., reorganization of the environment) that

facilitate the chemical reaction. These equilibrium mol-

ecular motions are not dynamically coupled to the chemi-

cal transformation of the substrate and cofactor, but rather

give rise to conformations of the ternary complex that are

conducive to hydride transfer because of short transfer

distances, suitable orientation of substrate and cofactor,
Current Opinion in Chemical Biology 2010, 14:644–651
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Figure 2

(Top) The reaction catalyzed dihydrofolate reductase (DHFR) and a model of E. coli DHFR. The reactant substrate is dihydrofolate (H2F), the product is

tetrahydrofolate (H4F) and the cofactor is reduced nicotinamide adenine dinucleotide phosphate (NADPH), which is converted to the oxidized form

NADP+. R = p-aminobenzoylglutamate, R0 = adenosine-diphosphoribose. (Middle) The reaction catalyzed by cyclophilin A (CypA) and a model of

human CypA showing the bound peptide (in wire-frame), residues in the coupled network (sticks) and Ser99 (spheres). (Bottom) The reaction catalyzed

by triosephosphate isomerase (TIM) and model of chicken TIM with loop 6 in green sticks and loop7 residues in yellow sticks.

DHAP = dihydroxyacetone phosphate; G3P = glyceraldehyde-3-phosphate.

Current Opinion in Chemical Biology 2010, 14:644–651 www.sciencedirect.com



Coupled motions in enzyme catalysis Nashine, Hammes-Schiffer and Vishal C 647
and a favorable electrostatic environment for charge

transfer. Another computational study on DHFR using

different computational methods generated qualitatively

similar results [14].

Hybrid quantum-classical MD simulations of DHFR

enzymes with distal mutations are consistent with exper-

imental rate measurements and suggest that the mutations

may modify the network of coupled motions through

structural perturbations [15,16]. These hybrid simulations

suggest that the mutations alter the conformational

sampling of the enzyme and ligands, thereby lowering

the probability of sampling configurations conducive to

hydride transfer, increasing the free energy barrier, and

decreasing the reaction rate. Additional computation-

based studies have emphasized the role of hydrogen bond-

ing between the Met20 loop and the cofactor as strongly

contributing to the modulation of the reactivity of the

E�NH�H2F ternary complex by distal mutations [17].

Solvent effects

In a recent study on E. coli and Thermotoga maritima
DHFR, Allemann and co-workers have questioned the

coupling of long-range protein motions to the hydride

transfer step [18,19]. Using solvents of different compo-

sition, they showed that changing the solvent viscosity

did not influence the hydride transfer rate for both E. coli
and T. maritima enzymes; however, the rates were altered

by changes in the dielectric constant of the medium.

Since the changes in dielectric constant influenced the

protein flexibility, short range motions and conformation-

al substates were implicated to contribute to catalysis.

Although this makes for an important observation,

changes in the bulk solvent viscosity are not expected

to change the internal protein motions thought to facili-

tate the hydride transfer [3]. The large-scale protein

motions, but not the internal protein motions, have been

shown to be slaved to the bulk solvent and controlled by

the solvent viscosity [20,21�]. Thus, these viscosity exper-

iments do not provide information about the impact of

internal protein motions on hydride transfer.

Cyclophilin A

Cyclophilin A (CypA) catalyzes the reversible isomeriza-

tion (cis-trans) of prolyl peptide bonds (Figure 2) [22]. It

acts on a wide variety of proteins and peptide substrates

and plays a role in protein folding, intracellular protein

transport and signaling. Human CypA is a 165 amino acid

long polypeptide with eight anti-parallel beta strands,

three helices and several flexible loops that cradle the

active site (Figure 2). The enzyme was originally ident-

ified as the target of cyclosporin A, an immunosuppres-

sant [23].

The dynamics of the isomerase have been characterized

in the substrate-free state and during catalysis by NMR-

relaxation methods. As with DHFR the characteristic
www.sciencedirect.com
enzyme motions detected during catalysis are preserved

in the free enzyme with frequencies corresponding to the

catalytic turnover rates. Specifically, the enzyme inter-

converts between at least three states during catalysis;

free enzyme and two substrate complexes with substrate

bound in the cis and trans configurations. The exchange

values from the dispersion profiles of 30 amides approxi-

mates the trans/cis substrate isomerization [kex = 2700

(dispersion NMR); kex = 2500 (cis$ trans)]. Site-specific

mutations were shown by chemical shift changes to be

propagated across the protein. On the basis of these

studies, the authors proposed that protein motions are

‘harvested by the enzyme’ for substrate turnover [24].

In a recent study by Alber, Kern and co-workers, the

observations from the NMR studies were corroborated

using ambient temperature crystallography [25�].
From the X-ray data analysis by the Ringer method they

indeed could identify within the crystal, substates

observed in solution. Furthermore, introduction of a

mutation (Ser99Thr, located >14 Å away from the active

site) effected reversal of the substates. The Ser99Thr

mutation also decreased the rate of inter-conversion of

the conformational substates that had been deduced by

NMR-relaxation dispersion experiments. This reduced

rate of inter-conversion coincides well with the drop in

the turnover number of the mutant relative to the wild-

type enzyme.

Triose phosphate isomerase (TIM)

Triose phosphate isomerase catalyzes the reversible iso-

merization of dihydroxyacetone phosphate (DHAP) to D-

glyceraldehyde 3-phosphate (G3P), the fifth step in the

glycolysis pathway (Figure 2) [26]. TIM is a homodimer,

53 kDa in size and has the a/b-barrel structural motif

(TIM-barrel). Structural analysis of TIM showed that it

exists in two major conformations, an open and a closed

form, where the active-site loop (denoted loop 6) modu-

lates the substrate entry and product release [27,28]. This

11 residue (166–176) loop undergoes a 7 Å movement as it

transitions between the open and closed forms. Loop 6

residues interact with loop 7, which is another evolutio-

narily conserved motif in TIM. The hydrogen bonding

interaction between loop 6 and loop 7 residues is known

to stabilize the closed complex. The catalytic conversion

of DHAP to G3P occurs in the closed conformation, and

the loop 6 opening is partially rate-limiting during the

turnover. Also, several distant residues have been impli-

cated in assisting the motions of the protein that mediate

the transition of the TIM between the closed and open

forms.

Loria and co-workers have studied conformational changes

in the loop 6 mutants by NMR relaxation as they relate to

the opening and closing of the loop [29]. Based upon the

NMR studies, the timescale of the transition between the

open and closed complex (103 to 104 s�1) correlates with
Current Opinion in Chemical Biology 2010, 14:644–651
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the rate of substrate turnover (�104 s�1). When residue

Tyr208 in loop 7 was mutated to Phe, there was a significant

change in equilibrium between the open and the closed

conformations that led to more than 1000-fold reduction in

the kcat of the enzyme. Interestingly, the loop motion at the

C-terminal part of loop 6 was severely affected by the

mutation explaining the altered rate of isomerization. In

another temperature-dependent NMR study that involved

replacement of the loop 7 residues from the chicken TIM

with those from an archaeal homologue, a similar shift in

the equilibrium in favor of the open complex was noted.

This dramatic effect of loop mutations highlights the

significance of the conformational transitions in the loop

for TIM catalysis [29].

Overview of case studies

On the basis of these examples, several unifying features

can be noted. There are now a handful of cases where the

substrate-free form of the enzyme samples conformation-

al states along the reaction cycle [7,25�,29–31]. In the case

of DHFR and CypA, the intermediates have been shown

to make excursions into the conformations resembling the

adjacent species along the reaction cycle. Mutations in

the regions involved in conformational changes severely

affect the rate of the reaction, and in the characterized

instances, there is a concomitant change in the rate of

conformational changes. The functional role of these

motions is corroborated by multiple methods, and the

system follows pathways encoded by the fold to optimize

a catalytically competent enzyme–substrate complex

[30]. While these steps are a necessary prelude to an

active enzyme, their coupling to the chemical step is

problematic.

Explanations for catalysis
Tunneling

Since the first clean demonstration [32] of nuclear tunnel-

ing in an enzymatic reaction, continuing studies of kinetic

isotope effects (KIEs) have furnished solid evidence for

nuclear tunneling in a variety of enzyme-catalyzed reac-

tions [33–36]. The various results and their interpretation

have been succinctly reviewed [37�]. Hydrogen tunneling

depends strongly on the hydrogen donor–acceptor dis-

tance and is particularly subject to motions that impact

this distance. Particularly germane to the interpretation of

the meaning of the magnitude of the KIE and its

temperature dependence has been the parallel develop-

ment of theory [35,38–42]. Recent theories include the

quantum mechanical effects of the transferring hydrogen

nucleus and the proton donor–acceptor motion, as well as

the reorganization of the protein and solvent environment

[40,43].

A recent example is the temperature dependence of the

KIE for distal mutants of soybean lipoxygenase, where

comparison of the X-ray structures ruled out a change in

structure of the enzyme’s ground state as responsible [44].
Current Opinion in Chemical Biology 2010, 14:644–651
Theoretical modeling of these mutants [44,45] indicated

that the distal mutation decreased the frequency of the

proton donor–acceptor motion, enhancing the proton

donor–acceptor fluctuations and thereby increasing the

temperature dependence of the KIE. The interpretation

of this finding, as well as those from other examples,

where generally a mutation in the wild-type enzyme led

to a temperature-dependent KIE, was that flexibility had

been introduced into the active site that enhanced the

temperature-dependent proton donor–acceptor motion.

Consequently, the temperature dependence of the KIE

has been directly linked to the active-site conformational

sampling alluded to above. Note that the catalytic effect of

hydrogen tunneling and the associated heavy-atom

motions is still under debate since the same effects also

exist in solution [4�,39,46–52].

Fast vibrational modes dynamically coupled to transition

state

Another proposal is that fast femtosecond to picosecond

dynamic motions at the transition state contribute sig-

nificantly to catalysis [53�]. Studies on purine nucleoside

phosphorylase (PNP) showed that replacement of two

residues more than 25 Å from the active site yielded an

enzyme with largely unchanged catalytic properties but

revealed KIEs and transition state analog binding differ-

ing from the parent [54,55]. Information as to the import-

ance of the specific vibrational distortion [54,55] was

furnished by transition-path sampling calculations [56].

To reach the PNP transition state the calculations impli-

cated a promoting vibration of His257 that correlated with

compression of three oxygens (O50 and O40 of the ribose

and oxygen of the phosphate) and expulsion of the

leaving guanine (Figure 3). The transition state lifetime

was estimated at�10 fs with a reaction time�60 fs. From

this perspective, dynamics directly couples a promoting

vibration to a transition state reactive bond. As stated in

Ref. [53�]: ‘In the few femtoseconds of the transition

state’s existence, the transition-state ensemble cannot

equilibrate with surroundings and cannot be described

on the basis of thermodynamic parameters. In this

interpretation of enzymatic catalysis, the transition-state

barrier is probabilistic in nature and is determined by the

formation of rare promoting vibrations at the catalytic site

that lower the barrier for bond change.’

There appears to be consensus that fast thermal fluctu-

ations of the enzyme and ligands play an important role in

enabling the stochastic search through the multidimen-

sional conformational phase space for the chemical step

[57��]. These stochastic motions lead to the overall

conformational changes, also denoted the reorganization

of the environment, enabling the chemical reaction. By

definition, the free energy barrier for the chemical step is

related to the relative probability of sampling transition

state configurations relative to reactant configurations, so

clearly the free energy barrier is determined by the
www.sciencedirect.com



Coupled motions in enzyme catalysis Nashine, Hammes-Schiffer and Vishal C 649

Figure 3

Intermediate in purine nucleotide phosphorylase (PNP) catalysis.

Compression of oxygens by His-257 and expulsion of guanine.Figure

reproduced with permission from Ref. [53�].

Figure 4

Schematic representation of the standard free energy landscape for an

enzyme reaction. Conformational changes occur along both axes. The

conformational changes occurring along the reaction coordinate axis

correspond to the environmental reorganization that facilitates the

chemical reaction, and the conformational changes occurring along the

ensemble conformations axis represent the ensembles of

configurations existing at all stages along the reaction

coordinate.Figure from Ref. [57��].
probability of sampling the relatively rare configurations

conducive to the chemical reaction [3]. From this

perspective, the experimentally measured rate for the

chemical step is determined by the stochastic sampling of

multidimensional conformational phase space to obtain

the configurations conducive to the chemical reaction

(i.e., the ‘transition state configurations’ at the top of the

barrier), and the chemical reaction itself (i.e., the bond

breaking and forming) is very fast relative to this slower

timescale. It is reasonable that specific modes in the

protein will impact the very fast barrier crossing of the

dividing surface at the top of the barrier [53�]. The issue

that is still under debate is whether the direct coupling of

specific modes to this fast (femtosecond) barrier crossing

is catalytically relevant in the sense of influencing the

overall rate of the enzyme-catalyzed chemical reaction

(on the millisecond timescale).

Preorganization

Another perspective is that preorganization forms the sole

basis of the catalytic effect [4�]. In this perspective, the

active site of the enzyme is preorganized so that the

reorganization of the environment required to evolve

from the reactant to the transition state is lower in the

enzyme than in solution. As stated in Ref. [4�], ‘The real

difference [between solution and enzyme] is the ampli-

tude of the change in the [environmental] coordinates

during the reaction, which determines the reorganization
www.sciencedirect.com
energy and generally is smaller in the enzyme because of

the preorganization of the active site.’ This perspective is

consistent with the concept that stochastic conformation-

al sampling determines the free energy barrier, which in

turn strongly impacts the chemical reaction rate [3]. The

reorganization of the environment from the reactant to

the transition state (i.e., surmounting the free energy

barrier) requires motions within the enzyme, even when

the enzyme active site is preorganized. Altering the

coupled motions associated with conformational sampling

by distal mutation has been shown to impact the free

energy barrier and therefore the catalytic rate [16]. In

addition, achieving the preorganized active site may

require rate-limiting conformational changes within the

turnover cycle.

Landscapes

There is a consensus that enzymatic reactions can be

effectively represented in two dimensions that combine

a catalytic and conformational landscape (Figure 4)

[7,57��,58–60]. The existence of multiple conformations

that in series or in parallel are able to traverse several

transition states is embodied in models that posit search-

ing of the landscape is associated with catalysis [37�,57��].
This landscape will be significantly different in the

enzyme and in solution and hence will impact the con-

formational sampling that determines the relative free

energy barriers. Whether landscapes account for the rate

acceleration attributed to enzymes, however, is still under

debate.
Current Opinion in Chemical Biology 2010, 14:644–651
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Conclusions
Overall, it is clear that protein conformational changes are

manifest during different steps along the turnover cycle of

enzymes. Motions on different timescales are important

for binding the substrate, chaperoning the substrate along

the reaction coordinate, and ultimately releasing the

product. There is strong evidence that the turnover cycle

of several enzymes is limited by conformational changes

on the ms-sec timescale that preorganize the active site

and facilitate its conformational sampling of transition

state conformations. However, there is no evidence, to

our knowledge, as to whether fast fs–ps timescale motions

are directly linked to the bond breaking and forming

process of the transition state.

Although, due to space limitations, we provided only three

specific examples where conformational changes have

been shown to play a functional role in enzyme turnover,

there are other systems where there is now substantial

evidence supporting a similar claim. Therefore, it appears

that such conformational changes are universal and are

programmed in the protein fold to facilitate specific func-

tions. There is much to be learned about the origins of the

catalytic power of enzymes. However, one can be assured

that modern experimental and computational tools will

lead to deeper understanding of enzyme catalysis in

specific and broader contexts [61].
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